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Abstract
Localized variations at the nanoscale in soil aggregates and in the spatial organisation of soil organic
matter (SOM) are critical to understanding the factors involved in soil composition and turnover.
However soil nanoscience has been hampered by the lack of suitable methods to determine soil
biophysical properties at nanometre spatial resolution with minimal sample preparation. Here we
introduce for the first time an Atomic Force Microscopy (AFM)-based Quantitative Nano-Mechanical
mapping (QNM) approach that allows the characterisation of the role of SOM in controlling surface
nano-mechanical properties of soil aggregates. SOM coverage resulted in an increased roughness
and surface variability of soil, as well as in decreased stiffness and adhesive properties. The latter
also correlates with nano- to macro- wettability features as determined by contact angle
measurements and Water Drop Penetration Time (WDPT) testing. AFM thus represents an ideal
quantitative tool to complement existing techniques within the emerging field of soil nanoscience.
Several important biogeochemical reactions occur in soil at the nanoscale and potentially affect soil
functioning at the field-scale1–5: nanoscale molecular interactions in soil microaggregates are believed
to play an important role for the distribution and long-term preservation of soil carbon and
nutrients1,5; nutrient root exudation takes place in micron-scale level interfaces with minerals and
microbial fauna4, while microbial reactions, which also affect pollutants and SOM storage through
mineralization, take place in microaggrate crevices6. Soil nanoscience has been pioneered by advanced
microscopic and spectrometric techniques such as secondary ion mass spectroscopy (NanoSIMS) and
X-ray spectromiscroscopy, which are increasingly being applied to soil studies and for the
characterisation of SOM at both the micro and nano scale2,7–10. Suitable methods for nanoscale
biophysical characterization of soil have been less explored. A promising approach is represented by
Atomic Force Microscopy (AFM)11, a nanoscale topographical and nanomechanical contact probe
microscope that has so far been preferentially applied to inspect relatively flat samples such as single
biomolecules deposited onto atomically flat substrates (e.g. mica, graphite, SiO2)12. Recent
technological advances, centred on enhanced feedback electronics and new scanning modes, now
allow significantly better accuracy in probe-surface tracking, enabling novel AFM characterisation of
more heterogeneous samples13,14 and, as a result, AFM is becoming increasingly applied in soil
studies15–18.
In the present work, a standardized approach to analyzing soil aggregate topography with high spatial
resolution nano-mechanical mapping is developed using AFM. The combination of AFM imaging and
probe selection has been first optimised: probes with short tips (such as probes 1 and 2 in Fig. S1A)
produced image artefacts in the form of parallel terraces, as a result of the cantilever beam touching
the soil surface (Fig. S1B and C). Cantilevers having longer tips (such as probes 4 and 5 in Fig. S1A)
were less prone to surface contact by the main cantilever beam, resulting in a more efficient soil
surface tracking (Fig. S1C). Probes were also selected based on their spring constant values: very low
values negatively affect the surface tracking performance, while too high values decrease the
nanomechanical sensitivity, such as measurements of adhesive properties for both mineral and SOM
components. Finally, Bruker’s proprietary Peak Force Tapping (PFT)19 enabled greater force control,
tracking the irregular soil surface more consistently than traditional Tapping Mode (Fig. S2). In PFTAFM the cantilever oscillates in a sinusoidal mode over the sample surfaces at low frequencies
(between 0.25-2 Hz), which allows for a better surface tracking of rough samples, coupled with a
precise control of the force applied during scanning.
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Reproducible AFM imaging of soil nanoscale surfaces complements more traditional Scanning Electron
Microscopy (SEM) micrographs, revealing almost identical microscale topographical features (Fig. 1A
and B) on soil aggregates derived from a common soil type (silt loam from acid sedimentary rock, Cefn
Bryn, Wales), which was previously characterized using standard analyses (Table S1). The AFM
approach developed here is shown from Fig. 1C to F, where an initial scan area of 100 μm2 (Fig. 1C) is
reduced progressively to focus on single soil particles (Fig. 1D) and nanometre-sized areas (Fig. 1E and
F). Areas of the aggregates occupied by SOM were identifiable, with rougher surface topography than
the underlying flat mineral surfaces, Fig.1E, thus enabling the distribution of SOM to be estimated with
unparalleled spatial resolution.
The QNM mode supplements PFT scanning, in QNM-PFT, with fully quantitative pixel-by-pixel nanomechanical mapping, resolving several surface properties such as InPhase, Fig. 1F. The latter is
comparable to the Phase signal in traditional Tapping Mode and, as such, identifies the presence of
differences in material properties20. Adopting the presentation of complimentary AFM outputs allows
the identification of previously unrecognisable soil nanoscale components and contaminants,
resolving the presentation of aggregate SOM coverage at higher resolution than the topographical
image, as revealed in Fig. 1E and F, by comparing the topographical and InPhase outputs for the same
scanned area.
Both the biotic and abiotic components of soil aggregates were imaged using PFT-QNM before (control
sample: CON) and after an acid-peroxide wash (APW sample), which removes most of the organic
matter content and hence allows to investigate the role of SOM spatial distribution in defining soil
properties (Fig. 2). While topographic maps reveal irregular soil aggregate surfaces in the presence
and absence of SOM (Fig. 2A,C,E,G), the presence of organic matter is often more easily identified
when the other signals are considered, alone or in combination. For example, the elastic modulus map
of a CON area, calculated using the Derjaguin−Muller−Toporov (DMT) model21, reveals two distinct
regions (Fig. 2B), not easily visible in the respective topography map (Fig. 2A). The upper area has a
median elastic modulus E of about 7.6 GPa, while the lower area has a two-fold decrease in E (3.1 GPa)
due to the higher amount of SOM that reduces the local stiffness. Indeed, the stiffer upper region has
an E value close to an area of APW soil (8.7 GPa, Fig. 2F), where the mineral phase is the only
contributor to the local stiffness. In another CON area the topography image reveals a planar surface
occupied by few rounded components (Fig. 2C) whose presence is unveiled more clearly in the
adhesion output, Fig. 2D, together with filamentous SOM structures not visible in the topographical
map. AFM adhesion is measured as the force needed to detach the cantilever tip from the soil surface.
SOM components presents lower adhesion values compared to the underlying mineral surface, Fig.
2D; In contrast, the adhesion map for APW soil in Fig. 2H reveals the presence of one main
contribution, further validating the role of organic matter in affecting local surface properties.
The potential of the nanoscale AFM approach is further shown in Fig. 3, which plots the data extracted
from 30 areas, using the same approach discussed in Fig.1C-F and on the same number of soil
aggregates across the two sample types (CON and APW). Consistent with what has been shown in this
work, organic matter had a considerable influence on several nanoscale properties, with a decrease
in adhesion and stiffness and an increase in roughness and heterogeneity, the latter revealed by
InPhase data. Indeed, InPhase for APW soil, Fig. 3A, presents a narrower range than CON soil,
suggesting lower surface variability due to SOM removal and the subsequent prevalence of the only
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mineral constituent. In CON soil we observed a general decrease in surface stiffness, Fig. 3B, with the
median DMT stiffness about two times lower than that for APW soil (3.81 ± 0.03 GPa and 9.05 ± 0.03
GPa, respectively) due to the larger amount of organic matter on CON soil. The latter has a wider
spread with two overlapping distributions, D1 and D2 in Fig. 3B, where distribution D2 presents a
higher incidence of organic phase compared to distribution D1: this explains the narrow shift of D2
towards lower stiffness values. Single SOM areas range in stiffness from 290 MPa to about 1 GPa;
while these values belong to the stiffness range of biomolecules as calculated using AFM22, the values
at the higher spectrum end could be partly determined by the dry or dehydrated SOM components.
A state which may produce an increased surface stiffness, decreasing the fold difference relative to
the bare mineral surface itself.
SOM presence is expected to affect surface nano-roughness as well, as already mentioned for Fig. 1C.
Roughness Rq calculated from the 3D images showed that sample CON was significantly rougher (ttest p value<0.001) than sample APW, with Rq values of 12.7 ± 1.2 nm and 5.2 ± 0.5 nm, respectively
(Fig. 3C). This is consistent with what has been already observed for mineral particles from soils and
groundwater-exposed minerals23–25. For example, Cheng et al. (2008)25 observed an increased sample
roughness for humic acid deposited on acid-washed quartz sand, although an opposite trend was
observed for mineral quartz particles from soil with increasing organic matter content. SOM has also
been previously reported to collect in the rougher areas of soil particle surfaces8, thus further
increasing local roughness, which in turn has an effect on soil wettability through the Cassie-Baxter
effect23.
When compared to other micro-to- macroscale properties such as bulk SOM amount and wettability
properties, comprehensive multiscale soil profiles can be identified, as summarised in Table 1 for both
CON and APW soils. Surface occupancy of organic matter on soil CON different areas, measured as
shown in Fig. 1F for a single area, ranges from almost 0 to 100%, with an average value of 50% ± 7%.
As expected, APW soil samples have lower SOM surface coverage, 8% ± 2%, which in part may
represent non-extractable organic residues26. Soil organic matter content determined on bulk soil,
with a value of 5.60 ± 0.02 % (Table S1), gives no indication of both the fraction of mineral surfaces
covered in organic matter and of the high variability in surface coverage, as reported through AFM.
This attests the need to focus on the nanoscale for an accurate description of SOM spatial distribution
and properties, as already pointed out by Lehmann et al. (2008)1 using X-ray spectromicroscopy.
AFM adhesion data, which shows higher values for APW compared to CON samples (Fig. 3D), has been
previously used to assess hydrophilicity states of several substrates with both silicon and silicon nitride
tips25,27,28: sample hydrophilicity is expected to be associated with evident AFM pull-off adhesion
values due to the formation of a water meniscus between the cantilever tip and the sample surface29,
as schematically shown in Fig. S3A. Measurements in water determines a considerable decrease in
this pull-off force as the meniscus force disappears, as reported in Kim et al. (2008)27, as well shown
herein for a subset of CON soil areas (Fig. S3B). In the present study soil wettability has been
experimentally quantified through different approaches and at increasing scales using AFM adhesion
maps, Fig. 3D and Table 1, nano- and microgoniometry, and Water Drop Penetration Tests (WDPT),
Table 1. All these techniques found higher water repellence in CON samples compared to acid-washed
APW samples, supporting the widely accepted notion that the presence of SOM is the principle agent
for reducing the hydrophilicity of soil mineral components30,31.
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Conclusions
In the present work, quantitative AFM was optimized to enable a routine ex-situ analysis of intact soil
aggregates under ambient conditions. Using this approach, we showed that AFM can now be used to
obtain nanoscale morphological and mechanical profiling of soil components at nanoscale resolution.
The advancement of soil nanoscience and the need to examine events taking place at the nanoscale
will undoubtedly benefit from AFM as the sole available technique to probe the real 3D structure and
several mechanical properties of soil at this resolution. A particularly notable finding from this study
is that these nanomechanical properties can be directly linked to SOM % coverage values, identifying
and quantifying the role of SOM in determining several nanoscale properties such as surface
roughness and stiffness. Moreover, it has been possible to link nanoscale and macroscale wettability,
thus providing direct evidence for the role of SOM in affecting bulk soil wettability. Future applications
of this new approach include, but are not limited to, the prospect of (a) following in real-time and exsitu specific biogeochemical reactions occurring in soil and, (b) better understanding how biology can
affect soil mechanical characteristics at different length scales.
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Figures and Tables

Figure 1. Visualization of soil aggregates with QNM-AFM. A) Imaged in PF-QNM mode. B) SEM soil image. C) Topography of a 100 μm2 area. The box
indicates the region represented in D). E) High-resolution topography of the area indicated by the box in D. Presence of SOM is evident in the shape
of spheroidal objects. F) InPhase output of the area shown in E. Darker areas indicate the presence of organic matter, which occupies 61 % of the
imaged area, calculated using ImageJ. The red arrow indicates an area where SOM is visible using InPhase, but not using topography in E. G) Boxplot
graph of the InPhase values for SOM and bare mineral areas. Median values are -1.5 mV and -4.5 mV for mineral areas and SOM areas, respectively.
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Figure 2. QNM outputs of CON and APW soil. A) Topography of a 6.7 μm2 area of CON soil, with Elastic Modulus E map shown in B. Modulus is calculated
according to the Derjaguin−Muller−Toporov (DMT) model. Here two different regions are present, with the upper area having a higher stiffness compared to
the bottom part. C) Another CON topographical area, with the adhesion map shown in D. Use of adhesion map facilitates the identification of SOM particles,
with rounded and filamentous SOM components presenting adhesion values lower than the underlying mineral phase. E) A 9 μm2 APW area is displayed, which
has been cleaned of most of the SOM component. F) Elastic Modulus E map of the area in E. This map reveals a homogeneous stiffness area, in contract with
the two stiffness components in B for a CON area. G) Another APW area, with the respective adhesive map shown in H. Few SOM remnants are left on the
mineral surface (indicated by dark blue arrows). Colour Bars have a 0 baseline for all images.
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Figure 3. Nanomechanical properties of organic and mineral components of soil aggregate surfaces. Median values are expressed in boxplot graphs. A) InPhase
histogram and boxplot for APW (blue) and CON (red) samples. Presence of organic matter in CON determines a scattering of values, indicating a higher variability
in surface properties. B) Stiffness histogram (LogDMT) and boxplot (DMT) for CON and APW samples. Presence of organic matter in CON samples is indicated
by a decrease in soil stiffness median value, 3.81 GPa, compared to APW samples, 9.05 GPa, where the stiff mineral phase is the main contributor to the
measured AFM stiffness. While APW samples present a unique, Gaussian-like distribution, CON samples show two contributors, D1 and D2. C) Roughness
calculated on APW and CON samples. Presence of organic matter in CON determines a greater roughness median and data distribution compared to APW
sample. D) Adhesion histogram and boxplot for CON and APW samples. APW samples present a higher median value compared to CON samples, as indicated
by the tail in data distribution in the histogram.
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Table 1. Summary of data on APW and CON soil obtained with AFM, goniometry and Water Drop Penetration Test (WDPT).
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Supporting Figures

Figure S4. Performance of different cantilevers for soil aggregates. A) A list of the different probes tested, with
manufacturers’ values. The range of values reported for tip height is due to the inherent variability in
manufacturing process, while the range of values for spring constant is due to the presence of several cantilever
in the same chip having different spring constants. B) Clockwise from top-left corner, this panel represents:
optical image of a cantilever positioned in the centre of a soil aggregate, which was previously immobilized on a
thin layer of epoxy resin; detail of an MLCT cantilever, with the angle between the base and the cantilever; a
schematic of the possible steric hindrance created by soil irregularities during cantilever scans. C) Scanning
performance of different cantilevers (from left to right): a cantilever without tip produces images of terraces
with the same angle reported in B; MLCT cantilevers often produce images similar to the ones of tipless
cantilevers, demonstrating that the tip is unable to reach and scan the soil surface; cantilevers with longer tips
are able to scan the soil surface in a more effective way and to produce images deprived of artefacts.
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Figure S5. Performance of PeakForce Tapping (PFT) and Tapping Mode (TM) scanning. A) Peakforce Tapping is
able to properly scan the soil surface, while Tapping Mode often produces streaks where the cantilever tip is
unable to folllow the irregular soil surface.

Figure S3. Surface hydrophilicity and adhesion pull-off force. A) In air an aqueous meniscus (blue in the
schematic) forms between the cantilever tip and the scanned surfaces. Higher hydrophilicity increases the water
meniscus and the associated pull-off force of the cantilever tip. B) Adhesion values measured on 30 soil CON
areas in air (as already reported in Fig. 3D) and on 8 soil CON areas in water. The decrease in adhesion force in
water is attributable to the absence of a meniscus force between the soil surface and the cantilever tip.
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Supporting Tables

Table S1. Properties of Cefn Bryn soil used in this study.

Materials and Methods
Soil Collection, Characterization and Storage.
Soil was collected from under semi-natural grasslands at Cefn Bryn, Gower, Wales (51°34’48”N
4°08’25”W). A 5 x 5 m grid was laid out, five of the 25 squares were randomly selected (using a random
number generator) for sampling, and within each of the 5 squares, a 50 cm square of turf was cut
away on 3 sides and the soil from 5 to 10 cm depth was collected. Soil samples from all 5 squares were
mixed in large plastic bags, sieved to 2 mm and thoroughly homogenised, and then stored at 4°C until
testing. Soil characterization was conducted by Forest Research-Alice Holt Research Station (Surrey,
UK). Particle size distribution was measured on pooled bulk soil using a Malvern Mastersizer 2000
(Worcestershire, UK) following organic matter removal by hydrogen peroxide flushing. Nitrogen and
carbon was measured according to ISO methods 13878 and 10694, respectively, using a Thermo
Scientific FlashEA® 1112 Nitrogen and Carbon Analyzer (Massachusetts, USA). Organic matter was
measured using loss on ignition (LOI) technique. Soil pH was measured in water using a Spectrum
Technologies Inc. IQ 150 pH meter (Illinois, USA). All soil physicochemical properties, reported in Table
S1, are expressed as mean ± Standard Error of the Mean (SEM).

Acid-Peroxide Cleaning. Soil aggregates were cleaned from organic matter using the protocol
reported in Mortlock and Froelich, 198932. Briefly, 5 mL of 10% H2O2 is added to soil (between 25 to
200 mg) in a Falcon tube, and after 30 min, 5 mL of 1N HCl solution is added. The tube is then sonicated
and left at room T for 30 min. 20 mL of deionized water is added and the tube is centrifuged at 4300
g for 5min. After supernatant removal, the soil sample is left to dry overnight at 60°C.
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Goniometry and WDPT. Air dry, sieved (<2 mm) and homogenised soil samples were used for all
goniometry and WDPT measurements, and all tests were carried out in ambient laboratory conditions
(20-22°C and 35-50% RH).
For microlitre goniometry, three samples of each sample were prepared by filling small plastic weigh
boats and levelling the surface. Three 80 µL drops of distilled water were deposited onto each sample,
and high resolution videos were obtained using a KRÜSS DSA 25 (Hamburg, Germany). Contact angles
for each drop were measured with the KRÜSS software using a linear baseline and a sessile drop
(Laplace-Young) curve fit immediately following deposition. A single contact angle for each soil was
determined by averaging the replicate contact angles and taking the standard deviation.
Picolitre goniometry samples were prepared by sprinkling the smallest grains of each soil across 4
small (approx. 1 mm2) squares of double-sided adhesive tape fixed to a microscope slide. The
procedure was repeated three times to try to achieve a monolayer, and excess soil was removed by
gently tapping the slide on its side after each application. HPLC grade water was dispensed onto the
soil surface as 4 nL drops, and high resolution videos were obtained using a KRÜSS DSA 100M (Settings:
60V; 10,000 µs period; 100 µs pulse). Contact angles for each drop were calculated from screenshots
of the drop immediately upon deposition using a linear baseline and a sessile drop (Laplace-Young)
curve fit. A single contact angle for each soil was determined by averaging the replicate contact angles
and taking the standard deviation.
The water drop penetration time (WDPT) of each soil sample type was determined by 30 x 80 µL drops
of distilled water. A petri dish was filled with each soil and levelled before applying drops to the soil
surface and noting the time from application to infiltration of each drop. A single WDPT was calculated
for each soil by averaging all WDPT values. Data has been tested for normality using the AndersonDarling test and a threshold p value of 0.05. All goniometry and WDPT values are expressed as mean
(parametric data)/median (non-parametric data) ± Standard Error of the Mean (SEM).

Sample preparation for Atomic Force Microscopy (AFM). Soil samples were left to equilibrate at
ambient conditions (T=21C, RH≈ 50%) for 24 hours. Soil was gently sprinkled on an area of glass slide
previously covered with a thin layer of a two-component epoxy, EPO-TEK 302-3M from Epoxy
Technology Inc. (Billerica, U.S.A.), previously left to dry in air for about 6 hours in order to harden the
glue enough to not engulf the soil aggregate particles. An optical microscope was used to check that
the single aggregates only immobilized and were not engulfed in the epoxy glue. Samples were left to
further dry in air for additional 24 hours before AFM analysis. An optical microscope was used to
localize the aggregates for AFM scan and to position the cantilever tip above the soil aggregate.

AFM and Quantitative NanoMechanical Analysis (QNM). A Bruker BioScope Catalyst (Bruker
Instruments, Santa Barbara, California, USA) was used to scan soil aggregates. MPP-21200-10
cantilevers (FESP, probe n.3 in Figure S1A, Bruker Instruments, Santa Barbara, California, USA) were
used, with a nominal spring constant of 3 N/m, a nominal resonant frequency of 75 kHz and a silicon
tip with a nominal height of 15-20 μm. The cantilever was calibrated on clean sapphire surface and
spring constant and deflection sensitivity determined. All imaging was conducted using Peak Force
15

Tapping Mode (PF-TM) in Quantitative Nanomechanical Mode (QNM) at a scan speed of 1-0.5
Hz. Each image had a pixel resolution between 128x128 and 512x512, and one area per soil aggregate
was scanned, with a total of about 30 areas per soil sample. A constant force of 5 nN was applied
during scans. PFT-QNM calculated adhesion maps from the force required to detach the cantilever tip
during the retraction cycle (“pull-off” force). Stiffness maps were reported as
Derjaguin−Muller−Toporov (DMT) and LogDMT maps, where the modulus was obtained from the
approach part of the force curves using the DMT model21. Nanoscope Analysis software, v1.50, was
used to calculate roughness Rq using the equation:
∑ 𝑍𝑖2

Rq= √

(1)

𝑁

where, N is the number of points in the considered area and Zi is the vertical displacement of each
point i from the average data plane. Off-line analysis of topography images consisted of first order
flattening and plane fitting. ImageJ® was used to calculate the areas occupied by organic matter. Raw
data from QNM AFM outputs was extracted in ASCII format, plotted and analysed using Mathematica
10.0 and Minitab 17. Data has been tested for normality using the Anderson-Darling test and a
threshold p value of 0.05. All AFM values are expressed as median ± Standard Error of the Mean (SEM).
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