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Abstract
Early life stages of aquatic organisms are particularly vulnerable to climatic stressors;
however, they are difficult to monitor due to challenges in sampling and morphological identification. Environmental DNA (eDNA) from water samples represents an opportunity for rapid, nondestructive monitoring of aquatic community composition as
well as single species monitoring. eDNA can also detect spawning events, although
has not been yet tested in offshore spawning grounds. Here, we used metabarcoding
of water samples to detect the presence of key fish taxa in spawning areas that are
difficult to monitor using traditional means. We analyzed DNA from water samples
and fish larvae samples at 14 offshore sites, using 12S mitochondrial metabarcoding and compared taxa detections, diversity, and community structure estimated by
both sample types. Species richness and diversity did not differ between water and
larvae samples. Both sample types detected a core of 12 taxa across the survey, with
an average agreement in detections of 75% at sampling site level. Water samples
detected two of the three most abundant taxa, the sandeel, Ammodytes marinus, and
clupeids, Clupea harengus/Sprattus sprattus, at 31% and 38% more sites than larvae
samples respectively, while Callionymus sp. was more prevalent in larvae samples.
Mackerel (Scomber scombrus) and blue whiting (Micromestius poutassou) were only
detected in water samples despite sampling taking place at peak spawning times for
these species. Our results demonstrate that eDNA metabarcoding provides a rapid
and feasible monitoring method for the management of key taxa, such as sandeel,
that cannot be easily monitored using traditional capture surveys.
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and geographic range (Burrows et al., 2011). This information is
critical to informing policy decisions and assessing the efficacy of

As climate stressors increase globally (Masson-Delmotte et al., 2018),

conservation/management interventions (Douvere & Ehler, 2011;

spatial and temporal monitoring of biodiversity is required to de-

Geijzendorffer et al., 2016). In the marine environment, monitoring is

tect changes in both species composition (Poloczanska et al., 2013)

sometimes complicated by inaccessibility (Bicknell, Godley, Sheehan,
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Votier, & Witt, 2016) or limited resources (Costello et al., 2010). In

monitoring techniques can be challenging (Hansen, Bekkevold,

addition, the velocity of climate change and seasonal shifts in timing

Clausen, & Nielsen, 2018). For example, eDNA cannot distinguish

of temperature changes is, in some cases, greater in the ocean than

among year classes, which in turn can be specifically targeted by

on land (Burrows et al., 2011); therefore, development of rapid (and

physical sampling (Maruyama, Nakamura, Yamanaka, Kondoh, &

feasible) monitoring methods is crucial to detecting the magnitude of

Minamoto, 2014). In addition, eDNA may show differing dispersal

these changes (Costello et al., 2010; Thomsen et al., 2012).

patterns in the open ocean to those physically exhibited by the

Monitoring spawning grounds and fish recruitment is essential

fish larvae themselves (Goldberg et al., 2016). In fact, comparisons

in the face of these global pressures as larval and juvenile devel-

of simultaneous water and visual/physical sampling in the marine

opmental stages of fishes are highly sensitive to environmental

environment have found variable level of agreement in detections

stressors (Pitois, Lynam, Jansen, Halliday, & Edwards, 2012).

between eDNA analyses and morphological taxonomy (Leduc

Temperature changes (Lee, Nash, & Danilowicz, 2005), prey avail-

et al., 2019; Stat et al., 2019; Thomsen et al., 2016). In order to ad-

ability (Régnier, Gibb, & Wright, 2017), and offshore construction

dress these discrepancies, we assessed both eDNA (water samples)

(Cordes et al., 2016) may all impact recruitment. Globally, spawning

and ichthyoplankton physical samples (larvae) using metabarcoding

areas are often protected by policy measures (Pastoors, Rijnsdorp,

and an identical bioinformatics pipeline. We compared species de-

& Van Beek, 2000), such as MPAs (Christie et al., 2010) or restric-

tection levels, relative abundance, and community composition in

tions in offshore development such as pile driving or oil drilling (La

both sample types, taken simultaneously at the same locations from

Védrine, 2014). However, current data or time series information

the Celtic and Irish seas.

on larval distribution and spawning aggregations within these sensitive areas tends to be limited (Greve, Prinage, Zidowitz, Nast, &
Reiners, 2005; Kimmerling et al., 2018). Traditional larvae monitoring methods involve deploying a plankton net from a research vessel
and morphologically identifying individual larvae (Habtes, Muller-
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2.1 | Field sampling

Karger, Roffer, Lamkin, & Muhling, 2014). Morphological identification is challenging and time consuming (Brechon, Coombs, Sims,

Water and larvae samples were taken onboard RV Celtic Voyager

& Griffiths, 2013) and, in some cases, only accurate to family level

in the Irish and Celtic seas at 14 sites in known spawning areas for

(Ellis, Milligan, Readdy, Taylor, & Brown, 2012). Monitoring economic

Ammodytidae, Clupeidae, Gadidae, Scombridae, and Pleuronectidae

and ecological costs can be, therefore, high (Koslow & Wright, 2016)

(Ellis et al., 2012) (Figure 1, Table S1). Sampling was carried out

and as a consequence data on spawning distributions of is globally

in May (17th to 26th, 2018), during or shortly after the spawning

sparse (Ellis et al., 2012; Kimmerling et al., 2018; Maggia et al., 2017).

season for many of the fish species in the sampling area (Table S2).

Furthermore, information on key taxa that are difficult to capture

Filtration of water samples was carried out in an area physically sep-

and identify using traditional trawls (e.g., sandeel) is currently lack-

arated from the processing of larvae samples. Gloves were changed

ing, even in areas that are surveyed more regularly (Ellis et al., 2012;

between samples and surfaces cleaned using a 10% bleach solution,

Lynam et al., 2013).

before and after each sampling event. Sea surface water samples

Environmental DNA (eDNA) extracted from water samples is
potentially a rapid, cost effective tool for monitoring species distributions (Lodge et al., 2012), thus reducing the need for destruc-

Irrish
sh Sea

tive sampling (Bylemans et al., 2017). Metabarcoding analysis of
eDNA can be useful for whole community/broad range assessment

Repu
epulic
i of
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les

(Bohmann et al., 2014; Lacoursière-Roussel et al., 2018; Thomsen
et al., 2016) and also perform well for target species monitoring
(Harper et al., 2018), offering a potential alternative to traditional
monitoring of spawning grounds. The use of eDNA has shown potential for detecting pulses of spawning in freshwater systems where
mass release of gametes results in sudden increases of concentration

Celtic Sea
Eng
glan
l d

of mitochondrial DNA in the water column (Bylemans et al., 2017). In
some cases, increases in eDNA concentration reveal the movement
of adults toward a spawning area, rather than the release of gametes
(Erickson et al., 2016), but its usefulness to detect spawning in the
marine environment remains uncertain.
Although the nondestructive nature of eDNA would make it
ideal for use in sensitive environments (Stat et al., 2019), or for the
monitoring of rare or threatened species (Bylemans et al., 2017), understanding how eDNA sampling reflects or differs from traditional

F I G U R E 1 Map of the sampling locations (14 sites) across
the Irish and Celtic sea region. For coordinates of each sampling
location, see Table S3
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were taken by rope and bucket (bleach sterilized and swilled in sea

Larvae samples (and associated extraction and PCR blanks)

water from the same site). At each of the 14 sites, 400 ml from three

were directly amplified using the 12S primers with Nextera

replicate buckets of sea water (true biological replicates) and one

overhang adapters attached, using Phusion High-Fidelity DNA

control (de-ionized water) were filtered using a syringe (Terumo,

Polymerase (Thermo Fisher Scientific) as described in Ratcliffe

50 ml), through polycarbonate filter holders, (25 mm, Cole-Parmer)

et al. (2020).

containing a 0.22 µm hydrophilic polyethersulfone filter (Merck

The effect (if any) of the different DNA polymerases and the

Millipore). Filters were left in the holders to minimize contamina-

nested and non-nested PCR protocols was assessed using mock

tion, and holders were then filled with ethanol and stored at −20°C

communities, constructed from known molar concentrations of

until extraction. After water samples had been taken, a larvae haul

DNA extracted individually from larvae in the survey. Community

was conducted starting from the same coordinates, using MultiNet

1 contained 12.5% of the following taxa: Ammodytes marinus,

plankton sampler (Hydro-Bios) that continuously filtered water from

Callionymus sp., Ciliata mustela, Lepidorhombus sp., Merlangus mer-

the surface to 50 m depth and back to the surface (for volumes fil-

langius, Merluccius merluccius, Sprattus sprattus, and Trisopterus minu-

tered, see Table S1). Ichthyoplankton were separated from other

tus. Community 2 contained A. marinus (1.83%), Callionymus sp.,

zooplankton species and preserved in RNA later at room tempera-

(23.77%), C. mustela (2.64%), Lepidorhombus sp. (18.78%), M. mer-

ture for 24 hr, then refrigerated at 4°C until laboratory processing.

langius (26.92%), M. merluccius (22.10%), S. sprattus (1.66%), and

Temperature, salinity, and density were recorded at each sampling

T. minutus (2.30%). Water and larvae/mock community libraries were

site (Table S1).

prepared separately to avoid contamination and were pooled after
indexing and sequenced in the same Illumina Miseq run to avoid

2.2 | Laboratory processing—DNA extraction and
library preparation
All water samples were extracted using the QIAGEN PowerSoil kit,
using a homogenization step (a Precellys 24 tissue homogenizer,

any sequencing bias. A tag jumping/sequencing control, where no
sample was added, was used to monitor any effect of concurrent
sequencing of water and larvae samples.

2.3 | Bioinformatic analyses

Bertin Instruments). Extracted DNA was stored at −80°C until library preparation. Extraction blanks (where no filter was added)

Water, larvae, and mock community and all blanks were subjected to

were carried through all steps of the library preparation and bioin-

the same bioinformatics pipeline and processed simultaneously. The

formatic analysis.

amplicon sequence variant (ASV) approach was used because it ena-

Pooled homogenates of all fish larvae present in the MultiNet

bles detection of single nucleotide differences (Callahan, McMurdie,

haul corresponding to each sampling site were extracted in bulk, by

& Holmes, 2017) and therefore provides a higher resolution than a

taking a 5 mg (±3 mg) of tissue anterior to the tail (or the complete

traditional OTU approach.

larva for smaller specimens) from all individuals in a haul (Ratcliffe
et al., 2020).

Qiime2 (version 2019.1, Bolyen et al., 2019) was used to process
de-multiplexed paired end sequences. DADA2 (Callahan et al., 2016)

Environmental DNA libraries were prepared using 12S V5 prim-

within Qiime2 was used for de-noising steps. Based on read quality

ers (Riaz et al., 2011) which amplify a 106 bp fragment of the 12S

scores, the first 10 bp of each sequence was trimmed and all se-

mitochondrial gene. A nested PCR approach was optimized, using

quences truncated to 100 bp in length. Subsequently, sequencing

Platinum™ Hot Start PCR Master Mix (2×) (Thermo Fisher Scientific).

errors were corrected where possible, and chimeric sequences re-

Initially, all samples were amplified in triplicate, in 12 µl PCR reac-

moved, paired end reads were joined and sequences de-replicated

tions, with 2 µl of template and 0.5 µl of 12S primers, for 25 cycles,

using the default DADA2 settings in Qiime2.

with an annealing temperature of 52°C. Subsequently, 5 µl of this

Taxonomic assignment was conducted using custom databases

first reaction was used as a template for a second reaction, using the

(Ratcliffe et al., 2020). Initially, reads were classified against a full

12S primers with the addition of overhang adaptors for subsequent

database that included all taxa available on NCBI amplified in silico

Nextera indexing, using identical PCR conditions, for 10 cycles. PCR

with the 12S V5 primers, using the KNN method in mothur (Schloss

triplicates were then pooled, using 10 µl of each triplicate from the

et al., 2009). A second screening was then carried out using a smaller

nested PCR reaction and purified using Agencourt AMPure XP beads

database that included all available sequences of fish encountered

(Beckman Coulter). Subsequently, amplicons were indexed using the

(native and non-native) in the British Isles (Fish Base: accessed

Nextera XT Index Kit v2 (Illumina, Inc.), and DNA concentration of

31/3/2019) as well as outgroups known to be present from the clas-

each reaction was quantified via Qubit dsDNA HS Assay (Invitrogen,

sification against the full database, again using the KNN method,

Thermo Fisher Scientific) and pooled in equal molar concentrations.

and the parameter “numwanted = 1” (Findley et al., 2013). Due to

Filtration blanks for each site, extraction blanks for each round of

the potential for false positive assignments using this parameter,

extractions, and PCR blanks were carried through all steps of library

these assignments were verified using NCBI megablast (Morgulis

preparation, including triplication in the first PCR, and bioinformat-

et al., 2008), where the top 10 hits were screened on a case by case

ics processing.

basis, for the highest match of a UK fish taxon. Assignments below

4
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98% identity were assigned to genus or family level using the lowest
common ancestor algorithm (Huson, Auch, Qi, & Schuster, 2007) in
MEGAN (6.15.1).
Once taxonomic assignment was complete, non-fish ASVs were
removed from downstream analysis. To remove contaminant ASVs

TA B L E 1 Number of reads remaining and removed at each step
of the denoising process. Denoising was carried out using DADA2
(Callahan et al., 2016) within Qiime2 (version 2019.1, Bolyen
et al., 2019). Removal of nonvertebrate and non-fish reads was
conducted after taxonomy had been assigned
Reads remaining

(false positives) from the data, filtration blank read counts (subjected

Reads removed

to the same workflow at all steps of the process as field samples)

Raw reads

13,096,645

were subtracted from each field replicate in the corresponding site,

Filtered

7,961,080

5,135,565

(Grey et al., 2018). This was carried out before any downstream data

Denoised

7,961,080

0

analysis (Andruszkiewicz et al., 2017).

Merged

7,653,885

307,195

Nonchimeric

7,371,118

282,767

Vertebrate

6,030,566

1,340,552

Fish

6,010,983

19,583

2.4 | Statistical analysis
All statistical analysis was performed using R (version 3.5.3, R
Core Team, 2017). For comparison purposes, as only one larvae
haul was sampled per site, the reads from the three water biologi-
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cal replicates and three larvae technical replicates were pooled for
each site. Reads were then converted to relative abundance data

A total of 42 water biological replicate samples from 14 sites (three

(proportion) to account for unequal sequencing depths between

per site) were collected in the survey. At nine of the sites, the larvae

samples. Subsequently, to remove any reads present due to tag

hauls contained multiple larvae suitable for metabarcoding; how-

jumping (Schnell, Bohmann, & Gilbert, 2015) taxa that accounted

ever, at two sites, the larvae hauls contained only one individual and

for <0.05% (set using the tag jumping blank) of the relative abun-

three sites the hauls did not contain larvae.

dance of a sample were removed from that site for downstream
analysis.

A total of 13,149,751 raw paired end reads were generated from
the water and larvae samples. After DADA denoising, 7,379,309

Mock communities were analyzed using a chi-square (goodness

reads remained for downstream analysis (Table 1). A total of 209

of fit) test to ascertain if there was any difference between relative

ASVs were generated across all samples in the study. Of these, 95

abundance of genomic DNA in the sample (expected) and relative

matched to fishes, 71 had no vertebrate match, 36 matched to family

abundance of reads after sequence processing (observed). Species

Hominidae, three to Delphinidae, two to Felidae, and one to Laridae

richness was calculated for each sample using “specnumber” in R,

and Phasianidae respectively. The primary contaminant observed in

and Shannon Wiener diversity was calculated using the “diversity”

filtration blanks was Homo sapiens; however, a proportionally small

function with “method” = “Shannon.” Wilcoxon signed rank tests

amount (3.5% of blank reads) mapped to fish (Salmo salar, not found

(paired samples) were used to ascertain if medians differed between

in any field replicates, A. marinus, Clupea harengus/S. sprattus and

water and larvae samples and variances within each treatment were

Pollacchius sp./M. merlangus) and were used to set a cutoff below

calculated as median absolute deviation (MAD), using r function

which reads were subtracted from each field replicate in the corre-

“mad.” After checking the residuals for normality using “skewness”

sponding site. Filtration blank read removal resulted in the removal

(Moments package), an F test was used to check for significant dif-

of 0.36% of water reads across the study. After pooling site repli-

ferences in variance between the sample types. Log-likelihood ratio

cates for analysis, the mean number of water sample reads per site

(G-test) test of independence with Williams' correction was used to

was 223,745. Site 11 contained only 108 reads (no larvae were phys-

test the effect of sample site and taxon on detections between the

ically captured at this location) and was therefore discarded from

two methods.

downstream analysis. The mean number of larvae reads per site

To assess differences in community composition between

(nine sites) was 279,667.

the two methods, a dummy number of species of 1 was added

Each of the eight species added to both mock communities was

to all samples in order compute Brae-Curtis dissimilarity for

detected using both Phusion (Thermo Fisher) and Platinum (Thermo

sites where no larvae were captured (Clarke, Somerfield, &

Fisher) Taq polymerases. Only reads assigned to the input DNA taxa

Chapman, 2006). Reads (relative abundance) were square-root

were observed in mock community reads, except for 23 and 19 reads

transformed, a Bray Curtis dissimilarity matrix was generated

in mock community 1 assigned to Trisopterus esmarkii when amplify-

and PERMDISP (to test for homogeneity of dispersion) and

ing with Phusion and Platinum, respectively. For mock community

subsequent PERMANOVA analysis was used (Anderson, 2014)

1, which contained equal concentrations of DNA from each of the

(Figure S1). SIMPER analysis was then carried out on untrans-

eight taxa, the relative quantity of DNA inputted (expected) and rel-

formed relative abundance data to ascertain which species were

ative proportion of reads (observed) differed significantly (Phusion,

driving the differences observed between the two sampling

Chi-square: X 2 = 14.59, df = 7, p = .041, Platinum X 2 = 18.26, df = 7,

methods (Clarke, 1993).

p = .011), mainly due to an excess and deficit of A. marinus reads

|
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Water

5

Larvae

s__Ammodytes_marinus
C.harengus_S.sprattus
g__Callionymus
s__Scomber_scombrus
s__Ciliata_mustela
f__Soleidae
s__Limanda_limanda
P.pollach/virens/M.merlangus
s__Microstomus_kitt

Total number of reads
(by colour)

s__Trisopterus_minutus

1500000

f__Pleuronectidae

1000000

s__Merluccius_merluccius

500000

s__Trisopterus_esmarkii
g_Gymnammodytes

Total number of reads
(by size)

f__Ammodytidae
1500000
f__Triglidae
1000000
g__Lepidorhombus
s__Labrus_bergylta
f__Bothidae
s__Molva_molva
s__Micromesistius_poutassou
s__Sardina_pilchardus
s__Buenia_jeffreysii
s__Solea_solea
s__Labrus_mixtus
f__Gobiidae
c__Actinopteri
f__Clupeidae

F I G U R E 2 Overview of the total number of raw reads per taxon in the two sample types: water samples = Water and larvae
samples = Larvae. Taxa are identified to lowest possible taxonomic level. s__ = species level, g__ = genus level, f__ = family level

500000

6
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and S. sprattus, respectively. However, in Mock 2, where input molar

Patterns of relative abundance broadly followed those observed

concentrations varied, there was no difference observed between

in the number of detections. C. harengus/S. sprattus, A. marinus were

the relative input of DNA and the observed proportion of reads

detected in higher relative abundance in water than in larvae sam-

(Phusion, X 2 = 11.39, df = 7, p = .123, Platinum X 2 = 8.11, df = 7,

ples (Figure 2, C. harengus/S. sprattus: W = 37.5, p = .016. A. mari-

p = .323) (Figure S2).

nus: W = 32, p = .008). In contrast, the third most abundant taxa,

In both water and larvae samples, we successfully detected 12

Callionymus sp., were more frequently detected in the larvae sam-

of the same taxa (Figure 2) and a similar number of taxa (19 taxa in

ples; however, there was no difference in relative abundance be-

water, 20 taxa in larvae) were detected overall. At a site level, there

tween sample types (W = 113, p = .110). Comparisons of relative

was an average of 75% agreement in taxa detection between the

abundance estimates between the sample types were only signifi-

sample types (Table 2; Figure 3). The number of taxa detected in the

cantly correlated for Limanda limanda (S = 76.44, p < .001, rho = 0.79)

two sample types depended on the sampling site (G = 31.43, df = 12,

(Table S4).

p = .002) and the taxon considered (G = 42.80, df = 27, p = .027,

Community composition differed between water and larvae sam-

Figure 3, Table 2). In general, the more abundant taxa were detected

ples (PERMANOVA df: 1,24, ps-F = 4.107, R 2 = 0.146, P(perm) = .001,

by both sampling methods while less abundant taxa exhibited much

permutations: 999). These differences were driven by the pattern of

greater variance, with some taxa being detected in one sample type.

higher abundances of A. marinus, C. harengus/S. sprattus, and S. scom-

Of these, 10 taxa were detected at only one site, 60% of which were

brus in water samples, in contrast to higher abundances of L. limanda

observed in larvae samples (Figure 3, Table 2).

and Callionymus sp. in larvae samples, together contributing to

Taxa

Both

Neither

Larvae

Water

%
Agreement

Clupea harengus/Sprattus
sprattus

7

0

8

12

53.8

Ammodytes marinus

8

0

8

13

61.5

Callionymus sp.

1

3

7

4

30.8

Limanda limanda

5

7

6

5

92.3

Triglidae

1

7

5

2

61.5

Scomber scombrus

0

6

0

7

46.2

Ciliata mustela

2

7

3

5

69.2

P. pollachius/
virens/M. merlangus

2

4

7

4

46.2

Trisopterus minutus

1

6

6

2

53.8

Microstomus kitt

0

8

5

0

61.5

Pleuronectidae

1

7

5

2

61.5

Trisopterus esmarkii

1

9

4

1

76.9

Merluccius merluccius

0

11

1

1

84.6

Gymnammodytes sp.

0

11

2

0

84.6

Soleidae

0

9

0

4

69.2

Bothidae

0

11

0

2

84.6

Ammodytidae

1

7

2

4

61.5

Solea solea

0

12

0

1

92.3

Lepidorhombus sp.

0

11

2

0

84.6

Micromesistius poutassou

0

12

0

1

92.3

Labrus bergylta

0

12

1

0

92.3

Molva molva

0

12

1

0

92.3

Sardina pilchardus

0

12

1

0

92.3

Buenia jeffreysii

0

12

1

0

92.3

Gobiidae

0

12

1

0

92.3

Labrus mixtus

0

12

1

0

92.3

Clupeidae

0

12

0

1

92.3

Actinopterigii

0

12

0

1

92.3

TA B L E 2 Agreement in detections
between larvae and water samples at
13 sites. Both = number of sites where
the taxon was detected using both
sample types. Larvae = number of sites
where taxon was detected in larvae
samples. Water = number of sites where
taxon was detected in water samples.
Neither = number of sites where a taxon
was not detected by either sample
type. % Agreement = Sum of “Both” and
“Neither”/total sites × 100
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1
Taxon
C. harengus / S. sprattus
0 31
Ammodytes marinus
0 42
Callionymus sp
0 3
Limanda limanda
## 1
Triglidae
0 0
Scomber scombrus
0 0
Ciliata mustela
0 0
P. pollachius/virens / M. merlangus 0 6
Trisopterus minutus
0 5
Microstomus kitt
0 0
Pleuronectidae
0 9
Trisopterus esmarkii
0 0
Merluccius merluccius
0 0
Gymnammodytes sp
0 0
Soleidae
0 2
Bothidae
0 0
Ammodytidae
0 0
Solea solea
0 0
Lepidorhombus sp
0 0
Micromesistius poutassou
0 0
Labrus bergylta
0 0
Molva molva
0 0
Sardina pilchardus
0 0
Buenia jeffreysii
0 0
Gobiidae
0 0
Labrus mixtus
0 0
Clupeidae
0 0
Actinopterigii
0 0
Sample type L W

2
22 10
57 69
3 0
0 3
2 0
0 0
0 0
5 0
3 0
0 0
0 0
1 0
0 0
0 0
0 15
0 0
5 4
0 0
0 0
0 0
0 0
0 0
0 0
0 0
2 0
0 0
0 0
0 0
L W

3
20 77
16 10
26 0
7 0
0 0
0 0
0 0
2 0
5 13
6 0
7 0
5 0
0 0
0 0
0 0
0 0
5 0
0 0
0 0
0 0
0 0
0 0
0 0
0 0
0 0
0 0
0 0
0 0
L W

4
27 29
7 64
8 0
0 0
3 0
0 0
3 5
8 1
17 0
0 0
2 0
26 0
0 0
0 0
0 0
0 0
0 1
0 0
0 0
0 0
0 0
0 0
0 0
0 0
0 0
0 0
0 0
0 0
L W

5
56 0
3 99
0 0
31 0
0 0
0 0
0 0
0 0
4 0
0 0
0 0
6 0
0 0
0 0
0 0
0 0
0 0
0 0
0 0
0 0
0 0
0 0
0 0
0 0
0 0
0 0
0 0
0 0
L W

6
0 47
0 43
0 0
0 0
## 0
0 0
0 0
0 0
0 0
0 0
0 0
0 0
0 0
0 0
0 0
0 0
0 1
0 0
0 0
0 8
0 0
0 0
0 0
0 0
0 0
0 0
0 0
0 0
L W

Site
7
18 33
21 48
20 0
3 0
2 0
0 0
4 0
4 18
8 0
0 0
2 0
0 0
0 0
10 0
0 0
0 0
0 0
0 0
0 0
0 0
6 0
0 0
0 0
0 0
0 0
2 0
0 0
0 0
L W

8
7 27
0 0
51 44
0 0
0 0
0 28
0 1
6 0
0 0
7 0
18 0
0 0
0 0
0 0
0 0
0 0
0 0
0 0
3 0
0 0
0 0
4 0
2 0
2 0
0 0
0 0
0 0
0 0
L W

9
7 0
0 0
0 0
0 0
0 0
0 99
42 0
0 0
0 0
10 0
0 0
0 0
26 0
15 0
0 0
0 0
0 0
0 0
0 0
0 0
0 0
0 0
0 0
0 0
0 0
0 0
0 0
0 0
L W

10
0 0
0 64
0 0
0 0
0 21
0 0
0 0
0 0
0 0
0 0
0 0
0 0
0 0
0 0
0 0
0 0
0 0
0 14
0 0
0 0
0 0
0 0
0 0
0 0
0 0
0 0
0 0
0 0
L W

12
7 78
0 16
34 0
9 0
5 0
0 1
0 2
13 0
12 0
4 0
9 0
0 0
0 0
0 0
0 3
0 0
0 0
0 0
7 0
0 0
0 0
0 0
0 0
0 0
0 0
0 0
0 0
0 0
L W

13
0 37
0 13
64 0
0 0
0 0
0 0
0 34
16 0
0 0
20 0
0 0
0 0
0 0
0 0
0 0
0 17
0 0
0 0
0 0
0 0
0 0
0 0
0 0
0 0
0 0
0 0
0 0
0 0
L W

7

14
0 ##
0 0
0 0
0 0
0 0
0 0
0 0
0 0
0 0
0 0
0 0
0 0
0 0
0 0
0 0
0 0
0 0
0 0
0 0
0 0
0 0
0 0
0 0
0 0
0 0
0 0
0 0
0 0
L W

F I G U R E 3 Site by site detections (presence/absence) between the two different sampling methods, larvae sampling “L” and water
sampling, “W.” Taxa are identified to lowest taxonomic level possible and ordered by overall abundance in the survey
12.5
2.0
10.0

1.5
7.5

Shannon diversity

Taxon richness

F I G U R E 4 Median taxon richness
and diversity (lowest possible taxonomic
level) for eDNA and bulk samples across
14 sites in the survey. The median is
represented by the horizontal line within
each box, boxes define the 25th and
75th percentiles and the most extreme
data point which is no more than 1.5
times the interquartile range from the
corresponding box

5.0

1.0

0.5

2.5

0.0

0.0
Larvae

Water

Sample type

Larvae

Water

Sample type

70.64% of the differences observed between sample types (SIMPER

Shannon–Wiener Diversity: V = 29, p = .27). Larvae samples did,

analysis, Table S5). Taxon richness and alpha diversity did not dif-

however, exhibit greater variance than water samples in terms

fer between the two sampling methods (richness: V = 42, p = .83,

of species richness (richness Larvae MAD = 4, Water MAD = 1, F
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test: df = 12, F = 8.85, p < .001. Shannon–Wiener Diversity Bulk

Sandeels are a key prey species, consumed by fish, seabirds, and

MAD = 0.62, water MAD = 0.2, F test: df = 12, F = 3.04, p = .065)

marine mammals; however, due to their short life cycle, and the re-

(Figure 4).

liance of their stocks on larval recruitment, these taxa are difficult
to sample and the stocks are therefore difficult to manage (Lynam

4 | D I S CU S S I O N

et al., 2013). Neither otter nor beam trawls are effective methods
for assessing their abundance, particularly at early life stages (Ellis
et al., 2012). In addition, morphological identification is often un-

We applied water eDNA metabarcoding to detect fish in marine

reliable (Thiel & Knebelsberger, 2016), limiting the assessment to

spawning areas and demonstrated that water samples not only

family level only (Ellis et al., 2012). Our survey encountered the

broadly reflect larvae samples, with 75% average agreement on site

lesser sandeel, A. marinus, a taxon of the genus Gymnammodytes

by site basis but can also be more sensitive in the case of particular

and a further taxon identified to family level, distributed in areas

taxa, such as sandeels and herring/sprat. While rare species, those

where sandeels are known to spawn in the Irish Sea and the Bristol

detected at one site only, were more likely to be found in bulk sam-

channel (Ellis et al., 2012; Lynam et al., 2013). A. marinus was al-

ples, some taxa expected to be part of the spawning assemblage

ways detected in water samples where the larvae were also en-

(e.g., mackerel S. scombrus and blue whiting, Micromestius poutassou)

countered. Therefore, while water sample metabarcoding alone

were only detected in water samples, highlighting the potential of

cannot determine the age class of organisms encountered, it can

this tool to complement traditional sampling.

give a picture of the distribution of these taxa during spawning

Previous studies that compare water sampling to visual or capture
surveys have found varying levels of agreement between the taxa

events, to a higher taxonomic resolution than is often available
through traditional means (Ellis et al., 2012).

detected (Cilleros et al., 2019; Stat et al., 2019; Thomsen et al., 2016).

Herring/sprat (C. harengus/S. sprattus) were also frequently en-

Thomsen et al., (2016) found correlations between capture biomass

countered using both sample types at the same sites, with water

and numbers of water sample reads, while Stat et al., (2019) found

samples displaying higher sensitivity. Most C. harengus spawning in

fish assemblages differed between visual (BRUV) and water samples.

the Irish Sea occurs in September/October, and some can spawn as

Differences in detection between traditional methods and eDNA are

late as March (Brophy & Danilowicz, 2002). However, due to diffi-

influenced by eDNA dispersal range, year class, and detection sensi-

culties in morphologically separating these two species, spring sur-

tivity of the particular methods compared. Importantly, all monitoring

veys tend to assume that larvae caught in this period are S. sprattus

techniques are subject to biases, for example trawl types may also

(Fox, Dickey-Collas, & Winpenny, 1997), which spawn from March

differ in the species captured due to gear selectivity biases (Hansen

to August (de Silva, 1973). While the primers used in this study can-

et al., 2018). Hence, while water samples may not always perfectly re-

not separate S. sprattus and C. harengus, a qPCR approach could be

flect capture/visual samples, they represent a rapid and feasible and

used in the samples where the presence of one or both species is

nondestructive way to efficiently assess fish community assemblages

identified by metabarcoding, to rapidly separate these species in

(Cilleros et al., 2019; Thomsen et al., 2016).

water samples (e.g., Brechon et al., 2013). S. sprattus is relatively un-

Here, we compared surface water samples to larvae sampled

der-assessed within the Celtic Seas ecoregion and is considered data

between the surface and 50 m depth. Fish eggs and larvae are

limited (Moore et al., 2019); therefore, information obtained from

most abundant in depths shallower than 50 m (Conway, Coombs, &

a water sampling approach has the potential to add to traditional

Smith, 1997; Sabatés, 2004). In the Irish Sea, densities of fish eggs

methods of assessment.

increase with decreasing depth and peak at the surface, while larval

Relative abundances were correlated for L. limanda between the

density increases toward a peak at of 10–15 m, with little difference

two sample types. However, relative abundances estimated from

observed between species, including the families most abundant in

metabarcoding should be treated with caution (Lamb et al., 2019;

this study (Clupeidae, Ammodytidae, Callionymidae) (Conway et al.,

Thomas, Deagle, Eveson, Harsch, & Trites, 2016) due to amplifica-

1997). For some taxa, however, this general pattern may not apply;

tion bias. In fact, the sequencing of mock community 1 indicated

for instance, hake larvae (M. merluccius) have been shown aggregate

that, with the primers used in this study, the relative abundance of

at maximum density at depths of 60–80 m (Sabatés, 2004). This

A. marinus reads could be on average 2 times higher than the relative

taxon was not detected in water samples, despite being detected

abundance of input material, while Lepidorhombus sp. reads were 0.6

in one larvae haul; therefore, while sampling depth is unlikely to

times as abundant as their known inputs. In addition, DNA shed-

have affected the majority of taxa, it may be a reason for some of

ding may differ between organisms (Sassoubre, Yamahara, Gardner,

the discrepancies in the detection of rare species. Thus, as eDNA

Block, & Boehm, 2016) and sizes of fish (Maruyama et al., 2014),

exhibits sensitivity to vertical zonation in stratified water (Jeunen

and can further complicate abundance signals (Hansen et al., 2018).

et al., 2020), multiple sampling depths may be advisable, depending

However, using a presence/absence approach can also overestimate

on the taxa and life stages of interest.

the importance of rare taxa and relative abundance estimates may

For sensitive taxa such as sandeels that are hard to monitor

provide useful information (Deagle et al., 2019; Lamb et al., 2019)

using traditional means (Ellis et al., 2012), this survey demon-

for comparative studies. In this case, C. harengus/S. sprattus and

strates the potential of eDNA metabarcoding as a monitoring tool.

A. marinus were more frequently detected, and had a higher relative
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abundance, in water samples, while Callionymus sp. was more fre-

the water and larvae samples, respectively. On a site by site basis,

quently detected in bulk samples, but no difference in relative abun-

there was a 75% agreement in detection between sample types.

dance was observed between sample types. This indicates that, in

Sandeels were detected more frequently in water samples, which

some contexts, measures of relative abundance can provide useful

improves upon traditional methods that often are unable to capture

information.

or identify this family. Herring/sprat were also more frequently de-

For rarer species, detections by both methods were more spo-

tected in water samples, indicating that metabarcoding combined

radic. For example, taxa such as mackerel and blue whiting, which

with a targeted approach such as qPCR could also provide higher

are known to undergo peak spawning in May (Ellis et al., 2012), were

sensitivity distributions for these taxa. While eDNA still requires an

not encountered in larvae samples, but were detected in water sam-

extensive sampling effort, its noninvasive and rapid nature renders it

ples. While it is not possible to know whether spawning had occurred

particularly suitable for use in spawning and protected areas and for

and was missed by the larvae sampling, or whether only adults were

fisheries management applications.

present, this indicates that taxa potentially missed using traditional
means can still be detected in water samples.
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